Intravital imaging by multiphoton microscopy is a powerful tool to gain invaluable insight into tissue biology and function. Here, we provide a step-by-step tissue preparation protocol for imaging the mouse tibialis anterior skeletal muscle. Additionally, we include steps for jugular vein catheterization that allow for well-controlled intravenous reagent delivery. Preparation of the tibialis anterior muscle is minimally invasive, reducing the chances of inducing damage and inflammation prior to imaging. The tibialis anterior muscle is useful for imaging leukocyte interaction with vascular endothelium, and to understand muscle contraction biology. Importantly, this model can be easily adapted to study neuromuscular diseases and myopathies.
Introduction
Multiphoton microscopy is a powerful tool that allows us to conduct direct in vivo intravital imaging with high spatio-temporal resolution. This provides us with invaluable insight into cellular dynamics, tissue morphology and function that cannot be achieved easily with traditional methods like histology. Traditionally, the muscle is a very suitable imaging site for direct visualization of microcirculation due to its accessible and dense capillary bed. 1, 2 Two commonly used muscle tissues in imaging are the cremaster muscle that covers the testicles, 3 and the tibialis anterior skeletal muscle. 4, 5 Our group has previously used the tibialis anterior muscle to visualize the interaction of leukocytes with the vascular endothelium. Specifically, we demonstrated the role of CXCR4 in neutrophil margination in capillary beds with the administration of G-CSF or plerixafor. 6 Besides visualizing the capillary bed in the muscle tissue, other reports have also utilized tibialis anterior skeletal muscle imaging to investigate skeletal muscle tissue biology itself. The muscle tissue is rich in mitochondria to enable its contractile function, 1, 7 and endogenous NADPH fluorescence was measured using 2-photon microscopy as a measure of mitochondrial metabolism. 8 A better understanding of the processes involved in mitochondria function can shed light on metabolic myopathies. Recently, multiphoton microscopy has also been adapted to image large 3D volumes of images, to reveal intricate interactions and relationships between capillaries, mitochondria and muscle fibers in sarcolemma in mice. 9 The cremaster muscle preparation has been widely used as a model of choice for intravital studies of leukocyte transmigration and vascular function. [10] [11] [12] However, the curvature of the muscle limits the observation region and exteriorization of the muscle is essential. This procedure involves detaching the muscle from the testicle and spreading it as a flat sheet for imaging. Even with the most careful exteriorization of the muscle, such surgical manipulation still results in trauma and alters the vascular permeability. 13, 14 As a result, only a small central area distant from the manipulated circumference can be imaged to avoid artifacts that result from the surgical procedures. In contrast, the tibialis anterior skeletal muscle imaging model described here involves minimal surgical manipulation and hence, the available imaging surface is much larger and multiple regions can be examined with one single preparation.
In this report, we describe the steps required for jugular vein catheterization, and the preparation of the tibialis anterior muscle for multiphoton live imaging. Jugular vein catheterization permits fine control over the timing of intravenous reagent delivery. Hence, this permits easy visualization of early changes at the imaging site with multiphoton microscopy immediately after or during delivery of agents. To illustrate the applicability of this model, we demonstrate the use of the tibialis anterior muscle imaging to visualize how neutrophils respond to an inflammatory stimulus with lipopolysaccharide (LPS). The high spatio-temporal resolution by multiphoton microscopy combined with this muscle imaging model can be further applied to understand the biology of the outer connective tissue surrounding the skeletal muscle and muscle contraction in the context of development and disease.
Results

Insertion of jugular vein catheter for intravenous administration of drugs/labeling reagents
We anesthetize the mouse by administering ketamine/ xylazine mix of 150 mg/kg ketamine and 10 mg/kg xylazine via intraperitoneal injection. Next, the heating pad is warmed up to 37 C to allow the mouse to maintain its body temperature during the preparation procedure. When the mouse is deeply anesthetized, we position the mouse with its back on the heating pad, its head pointing toward the surgeon. The four paws of the mouse are secured down on the heating pad with masking tape. We then pass a suture through the back of the top incisors of the mouse, and the suture is anchored down on the heating pad to stretch the skin of the ventral neck region (Fig. 1A) .
Next, we shave the hair on the ventral neck region of the mouse with a razor to expose the skin for surgery. We recommend catheterizing the right jugular vein of the mouse as the parotid gland partially obstructs the left jugular vein. We make a small incision at the skin of the ventral neck (Fig. 1B) , and gently tease away the muscle and fat tissues from the jugular vein with forceps, leaving about 5 mm of the jugular vein clearly exposed with no obstructing tissue above and underneath the vein (arrow, Fig. 1C ).
Two strands of surgical suture (10 cm long each) are then passed underneath the jugular vein. With one thread, we tie a single overhand knot tightly near the rostral end (labeled 'ros' in Fig. 1D ) of the exposed vein. The thread is then secured on the heating pad with masking tape in order to keep the vein taut, to facilitate the insertion of the catheter. With the second suture thread, we tie a loose single overhand knot near the caudal end (labeled 'cau' in Fig. 1D ) of the exposed vein.
A 30G needle is bent at the halfway point at a 45 angle, and a catheter (35-40 cm long) is cut at one end to obtain a pointed end for easy insertion into the vein in the next step. We then connect the catheter to a tuberculin syringe (fitted with a 30G needle) filled with PBS, ensuring that there are no air bubbles present. Next, we place the mouse under the dissecting microscope to view the exposed jugular vein, and insert the needle tip into and parallel to the vein. When the needle tip is in the vein, lift up the needle slightly to allow the insertion of the catheter into the vein (Fig. 1E) . Remove the needle when the catheter is properly inserted ( Fig. 1F and G). We gently draw back the plunger of the syringe; if the catheter is positioned correctly, there will be a backflow of blood into the catheter (Fig. 1H ). Once the catheter is well positioned, we tie off the top thread tightly with a double overhand knot around the catheter to fix its position, and tie another single overhand knot for the bottom suture over the catheter to further secure the catheter. Cut off all the spare ends of the sutures (Fig. 1H ), and the syringe can then be replaced with a new one that contains the desired reagent to be introduced intravenously in the mouse.
Preparation of the tibialis anterior muscle for intravital imaging
Prepare a block of blu-tack about 2 cm £ 2 cm £ 0.5 cm.
With the back end of forceps, make 2 indentations in the blu-tack block to rest the tibia and the foot within these grooves. Prepare two small strips of blu-tack about 2 cm long. Additionally, prepare vacuum grease filled in a 10 ml syringe for easy dispensing ( Fig. 2A) . If jugular vein catheterization was performed, remove all the tapes from the heating pad, but leaving the mouse on the heating pad to continue to maintain its body temperature at 37 C during the muscle preparation. During this time, ensure that the mouse is still well anesthetized and top up with ketamine/xylazine mix if necessary. Lay the mouse in prone position.
Next, shave the right tibia and thigh cleanly with a razor (Fig. 2B) . The lateral saphenous vein, a major blood vessel that runs from the ankle to the tibialis posterior muscle, should be visible through the skin (arrow, Fig. 2B ). We make a small incision to the right of this vein by lifting up a piece of skin with forceps and making a cut parallel to the thigh to get an exposed window of approximately 0.5 cm in length and 0.5 cm in width (Fig. 2C ). If performed carefully, this should result in minimal bleeding.
Once the incision is made, it is important that the following steps are done quickly until the coverslip is placed over the imaging area, as the exposed tissue will dry up easily. One can gently moisten the tissue area with a cotton tip applicator moistened with PBS, if necessary. We transfer the mouse on the heating pad of the imaging stage at this point, placing the leg in an extended position in the indentations of the premolded blu-tack (Fig. 3A) . We secure the leg in position by placing the 2 strips of blu-tack for support: the first strip is placed perpendicularly across the ankle, and the second is placed perpendicularly to the first strip, parallel to the skin incision and to the right of the leg. Press the 2 strips down lightly on the block of blu-tack to secure the leg, but taking care not to press down too tightly to obstruct blood flow (Fig. 2D) .
Finally, we tape the free left leg down on the heating pad to secure it ( Fig. 2E and 3A) . The breathing movements of the mouse may cause the imaging area to be unstable. To minimize vibrations, we cut a 12 cm £ 2.5 cm strip of c-fold paper towel, fold it in half and place it over the mouse like a blanket, adhering it to the heating pad with masking tape (Fig. 3A) .
To image the outer connective tissue, a ring of vacuum grease can be applied around the window in the skin ( Fig. 2G ) and filled with a drop of PBS, and a coverslip (attached on the coverslip support holder) is placed over the well lightly but firmly (Fig. 2H-I) . Ensure that the well of vacuum grease is sealed on all sides to prevent PBS from leaking out during the imaging session and causing the tissue to dry up. Pressing the coverslip too hard will stop the blood flow and affect the imaging results. The tissue is now ready to be imaged.
To image the skeletal muscle and capillaries, the outer connective tissue should be removed. We place the mouse with the stage under a dissecting microscope. A major connective tissue runs as a vertical white line down the muscle tissue (arrow in Fig. 2C and 2F) , and there is a lower density of blood vessels on the right side of this connective tissue. To minimize bleeding during the preparation, we remove the outer connective tissue layer on the right side of this line. Starting from the top of the incision, use fine forceps to lift up the thin layer of outer connective tissue gently, and make a small cut with the dissecting spring scissors. Continue to cut a small window in the connective tissue to expose an area of the muscle fibers large enough for imaging, lifting the connective tissue gently as you proceed. Take extra care not to pull hard on the tissue before cutting with the scissors, as this will injure the muscle. The outer connective tissue is a reflective surface, and a clean removal of this outer layer will reveal a shiny surface of the muscle tissue with the associated striations visible (Fig. 2F) . We can then proceed to apply the ring of vacuum grease, PBS and coverslip as previously described (Fig. 2G-I ). Note: Application of reagents directly on muscle tissue Reagents such as inflammatory agents or chemoattractants can be directly applied on the skeletal muscle. A ring of grease should be applied to the muscle first, to create a reservoir for the reagent. The well should hold about 100 ml of reagent.
Move the imaging stage to the microscope chamber. For the coverslip support holder, insert the thermistor for temperature monitor in the curved holder, and connect the interface cable for temperature control to the resistive heater block (Fig. 3B) . Insert the rectal probe into the mouse rectum gently (Fig. 3A) . Connect the heating pad and the rectal probe to the temperature controller, and hence the heating pad will be regulated by the feedback rectal probe (Fig. 3A) . We recommend maintaining the temperature of the heating pad and coverslip holder at 36 C and 32 C, respectively, to prevent the overheating of the mouse and muscle tissue.
We also typically inject in Evans Blue intravenously into the mouse by retroorbital injection to allow visualization of the vasculature. Other fluorescent dyes or other reagents can also be injected as desired, via retroorbital or tail vein injection. We usually image 15 minutes at baseline to ensure that there is no preparation-related injury. If Evans Blue dye had been injected to label blood vessels, any damage to blood vessels during preparation of mouse for imaging will show up as patches of blue corresponding to fluid leakage.
Lastly, add a drop of water with a transfer pipette on the coverslip, and gently lower the water-dipping objective lens on the water. Focus the specimen using the eyepiece and choose an area of interest as desired. Commence two-photon intravital imaging according to the manufacturer's instructions.
Demonstration of tibialis anterior muscle architecture and components
We utilize the LysM-GFP (Lyz2 GFP/C ) 15 and the ROSAmT/mG (Gt(ROSA26)
ACTB-tdTomato-EGFP
) 16 mouse to demonstrate the different layers and components of the skeletal muscle. The connective tissue produces second harmonic generation (SHG) signals that can be easily captured at half the excitation wavelength. In the LysM-GFP mouse, the neutrophils are GFP-high, while the monocytes and macrophages are GFP-intermediate. We typically observe 3 layers of outer connective tissue if this outer layer is not surgically removed during the preparation (Fig. 4A) . The top-most layer consists of a mesh-like network of connective tissue (panel 1), the second layer shows well-defined vertical striations (panel 2), while the third layer shows horizontal striations that run perpendicular to the second layer (panel 3). Muscle tissue macrophages reside in these layers of outer connective tissue. The inner muscle fiber deeper down has no SHG, and has no muscle tissue macrophages present. Instead, we observe the perivascular macrophages that line the capillaries within the muscle fiber layer (panel 4). The outer connective tissue layer is typically about 100 mm, hence, to capture better signal from the inner muscle fiber and image the capillaries, we surgically remove the outer connective tissue.
Using the LysM-GFP mouse, if there was mechanical damage during the muscle preparation, neutrophils will accumulate at the injury site quickly, and clusters of bright green cells will be observed in the inner muscle fiber layer where the capillaries are situated. This does not represent the baseline physiology of a non-inflamed muscle tissue, hence the muscle preparation should be repeated with another mouse.
Next, using the ROSA-mT/mG mouse, the ubiquitous ROSA promoter will drive membrane expression of tdTomato fluorescent protein in all cells. For our imaging, we use an excitation wavelength of 950 nm. The microscope filters used are 560 LP (Chroma, cat. no. T560LPXR) and 640 LP (Chroma, cat. no. 640 DCLP), and the mirror sets used are 475/42 BP (Semrock, cat. no. FF01-475/42-25) and 579/34 BP (Semrock, cat. no. FF01-579/34-25). In the ROSA-mT/mG mouse, we demonstrate the 3 layers of connective tissue as well (Fig. 4B,  panel 1-3) . Muscle macrophages and blood vessels show expression of the tdTomato fluorescent reporter. Deeper in the muscle tissue, we observe parallel muscle fibers along the long axis of the tibialis muscle (Fig. 4B, panel  4) . The internal ultrastructure of repeating sarcomeres is also visible along skeletal muscle fibers (Fig. 4B, inset in  panel 4) . Finally, deeper in the inner muscle fiber, we can observe the capillaries and post-capillary venules using the ROSA-mT/mG mouse (Fig. 4B, panel 5) .
Demonstration of intravenous delivery of agents via jugular catheter
We perform the jugular vein administration of Evans Blue dye intravenously in a LysM-GFP mouse, to demonstrate the rapid labeling of the vasculature. The left jugular vein of the mouse is cannulated and 50 mg Evans Blue dye (Sigma-Aldrich) dissolved in 50 ml saline is introduced very slowly using the syringe attached to the catheter after 10 min of baseline recording. The first labeling of the vasculature is visible within a minute post-introduction ( Images were captured at 1 frame per min, and videos were recorded at 6 frames per second.
Using the jugular vein administration, the muscle can be imaged simultaneously while injecting agents into the mouse to observe the downstream effects. For labeling of the vasculature, we recommend using Evans Blue, compared to other reagents such as fluorescent dextran or lectin, as Evans Blue has a sharp emission peak at 680 nm. This will result in minimal spectral overlap with other commonly used fluorophores such as GFP and RFP to allow for covisualization.
Next, we demonstrate the tibialis anterior skeletal muscle imaging procedure by utilizing the LysM-GFP Figure 5 . Evans Blue intravenous delivery using jugular vein catheter. Snapshot images of the inner muscle fiber layer from in vivo imaging during a slow intravenous delivery of Evans Blue via the jugular vein catheter into a LysM-GFP mouse. Evans Blue is slowly delivered to the mouse at time tD10 min. Snapshot images are shown at 1 min, 5 min, 10 min and 15 min after the start of Evans Blue introduction. Perivascular macrophages (green) line the blood vessels (red). Excitation: 950 nm using a Ti:Sapphire laser. Scale bar: 50 mm. Three layers of connective tissues (blue) can be typically captured: Top-most layer has a mesh network, second layer has distinct vertical striations, and third layer has horizontal striations perpendicular to the second layer. Inner muscle fiber has minimal SHG and perivascular macrophages (green) can be seen lining the blood vessels. (B) Imaging of the outer connective tissue layers and the inner muscle fiber layer in a ROSA-mT/mG mouse. Three layers of connective tissues (blue) similar to (A) are shown: Top-most layer has a mesh network, second layer has distinct vertical striations, and third layer has horizontal striations perpendicular to the second layer. Muscle macrophages and blood vessels can be seen (red) in the outer connective tissue layers. Parallel muscle fibers are seen in the inner muscle fiber layer. Striations of the muscle can be seen (zoomed in; inset). Muscle capillaries are present deeper in the muscle fiber layer. Excitation: 950 nm using a Ti:Sapphire laser. Scale bar: 50 mm.
Step size: 2-4 mm.
mouse again, to visualize the circulating immune cells in the muscle capillaries (labeled with Evans Blue) and their response to an inflammatory agent LPS topically applied to the muscle tissue. We applied 10 mg of LPS directly on the exposed muscle tissue of a LysM-GFP mouse, set up the imaging immediately, and imaged the muscle after LPS application. A typical time duration from reagent application to the start of an imaging session is about 10-20 min. In Figure 6 , we show the first image taken 20 min after LPS application. The muscle is imaged for 2 hours post-treatment, and we observe the extravasation of neutrophils (GFP-high) from the post-capillary venules (Fig. 6, supplementary video 2) , at an average speed of about 9.8 mm/min (N D 35). Images were captured at 1 frame per min, and videos were recorded at 6 frames per second.
Discussion
We provide a detailed protocol of the preparation of the mouse for intravital imaging of the tibialis anterior skeletal muscle, as well as the steps for jugular vein catheterization to allow for infusion of compounds during imaging. We demonstrate the use of tibialis anterior muscle imaging to visualize in vivo transmigration of immune cells in muscle capillaries, in response to LPS stimulation (Fig. 6, Supplementary  video 2) . We also demonstrated the use of jugular vein catheterization by injection of Evans Blue dye (Fig. 5,  Supplementary video 1) .
Selection of imaging areas in the tibialis skeletal muscle
The skeletal muscle is dense with capillaries and is hence an apt organ for visualizing immunevasculature-endothelial interactions due to the vast and dense capillary bed. We typically image an area that includes capillaries and a post-capillary venule to enable us to visualize leukocyte rolling and extravasation ( Supplementary Fig. 1 ). The muscle tissue is striated (Fig. 4, panel 4-5) , and the capillaries form a high-density meshwork between and parallel to the muscle fibers. Arterioles and venules are larger/ broader than capillaries, which are one cell thick. Blood flow is faster in the arterioles than the postcapillary venules. Using a fluorescent reporter mouse of any leukocyte population, one will be able to visualize leukocytes zoom by fast and thus appear as "streaks," while in venules, one will observe leukocyte rolling. Post-capillary venules are typically Y-shaped blood vessels, from which capillaries (thinner vessels) converge upon. Blood flow is also seen directed from the capillaries into the venules.
Anesthesia monitoring
Preparation of the animal for jugular catheterization and setup of the muscle imaging, together with the time-lapse imaging experiment can last over 1-2 hours, and may extend longer. We always visually inspect the anesthesia condition of the mouse during the whole process and reanesthetize the mouse as necessary. Our first dose of 150 mg/kg ketamine and 10 mg/kg xylazine via intraperitoneal injection typically lasts one hour, and we re-anesthetize a quarter dose subsequently for every half hour via subcutaneous injection to keep the mouse under deep anesthesia. For better monitoring of the physiological state of the mouse and to minimize adverse effects of overdosing on anesthetics, electrocardiograms, pulse oximeters or microcapnographs can be used. Additionally, for longer imaging sessions, investigators may want to Figure 6 . In vivo imaging of inflammatory agent on muscle tissue. Snapshot images of the inner muscle fiber layer from in vivo imaging after topical application of LPS (10 mg) on the tibialis anterior skeletal muscle of a LysM-GFP mouse. GFP-high myeloid cells (mostly neutrophils) extravasate from the blood vessels (red; labeled via i.v. injection of Evans Blue). Excitation: 950 nm using a Ti:Sapphire laser. Scale bar: 50 mm.
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consider other anesthetics such as inhalation of isoflurane or injection of avertin. 17 
Continuous imaging
We have typically imaged the muscle for about 2-3 hours. However, since the tibialis skeletal muscle preparation is minimally invasive, the imaging session can last longer if required. The investigator will need to carefully monitor the mouse condition, ensure that the fluid in the grease well is not dried up, and constantly replenish the immersion water droplet for the objective lens.
Application of the tibialis anterior muscle imaging model
Skeletal muscle imaging can be further applied to visualize the processes of muscle contraction. Since muscle contraction requires high amount of energy consumption, the muscle tissue is rich in mitochondria and this imaging setup can be used to study mitochondria biology. If the outer connective tissue is not removed during preparation, this setup can be used to image the outer layer of connective tissue.
Vaccines are often administered intramuscularly. Hence, preclinical trials of vaccines and other drug compounds can utilize this imaging setup to examine the biological effect and biodistribution of a new vaccine through direct visualization of the muscle tissue.
Comparison with other muscle tissue
The other muscle tissue commonly used for intravital imaging is the cremaster muscle that covers the testicles. Preparation of the tibialis anterior muscle for intravital imaging is simple compared to the cremaster muscle. The skeletal muscle is exposed through a simple incision in the skin. Mounting the tissue straightaway will allow the imaging of the connective tissue, and careful removal of the outer connective tissue with surgical scissors will expose the muscle tissue, allowing imaging of muscle fibers and blood capillaries. In contrast, imaging of the cremaster muscle involves more surgical manipulations to the muscle itself. The muscle is exposed, detached from the testicles, and spread radially as a flat sheet. This procedure of spreading the cremaster muscle tissue may induce significant inflammation. 
Mice
Mice were bred and maintained in the A Ã STAR Biological Resource Center (BRC) mouse facility. All experiments were approved by and performed according to the BRC Institutional Animal Care and Use Committee (IACUC), in compliance with the guidelines of the Agri-Food and Veterinary Authority (AVA) and the National Advisory Committee for Laboratory Animal Research (NACLAR) of Singapore.
Image analysis
Images were processed into time series movies and analyzed using IMARIS image analysis software (Bitplane). The plugin "Correct 3D Drift" in Fiji program was used for drift correction of images acquired by time-lapse imaging. 18 Abbreviations BP band-pass LP long-pass LPS lipopolysaccharide SHG second harmonic generation
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